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Abstract 

 

Graphical abstract 

 

In materials design, the relationship between polymer morphology and physical properties is 

crucial. The researchers are attempting to utilize alternative materials such as natural 

biopolymers to limit the consumption of non-renewable resources produced by synthetic 

materials. Because of their biocompatibility, non-toxicity, and some specialized therapeutic 

properties, polysaccharides, particularly bioactive ones, have attracted attention in recent 

decades for a variety of novel applications. The biological activities of polysaccharides are 

strongly affected by their chemical structure and chain conformations. Due to the obvious 

difficulty in regulating self-assembled structures, morphological regulation of polysaccharides 

from the nano to micrometer scale has rarely been used in vitro. Herein, it is demonstrated that 

a cyanobacterial polysaccharide, sacran, could hierarchically self-assemble as twisted fibers 
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from the nanoscale to microscale with diameters of ~1 µm and lengths >800 µm, that are 

remarkably larger than polysaccharides previously reported. Unlike other rigid fibrillar 

polysaccharides, the sacran fiber was capable of flexibly transforming into two-dimensional 

(2D) snaking and three-dimensional (3D) twisted structures at an evaporative air-water 

interface. Moreover, the deformation process of sacran microfiber to nano-micro particles was 

also clarified in vice versa. The interaction between polymer chains is an essential component 

in studying sacran morphological change. The dilution and the salination weakened the 

intermolecular interaction, leading the microfibers to deform into tiny fragments. Those 

processes, on the other hand, produced a limited number of particles, which is a problem in 

terms of production. Therefore, the ultrasonication approach could be able to solve this 

problem. The polysaccharide chains are cut as a result of the cavitation effect from ultrasonic 

treatment. The shock wave may cause sacran microfibers to change to a sacran spherical shape 

from micro to nanometer scale.  

In this research, the morphological changes of sacran, a novel self-organized supergiant 

polysaccharide has been investigated. This clarification leading not only to understand the 

fundamental of anionic polysaccharide self-assembling/disassembling but also developing in a 

new material such as humidity-sensitive actuator, a micropattern cell scaffold, and a super-

moisturizing microparticle. 
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CHAPTER I 

GENERAL INFORMATION 

 

1.1 Polyion/polyelectrolyte self-assembly 

Macromolecules carrying multiple charges (polyion or polyelectrolyte) are ubiquitous in nature 

and include nucleic acids, proteins, or polysaccharides.[1] The physical features of these 

biopolymers, such as self-assembly and solubility in a physiological environment, are 

frequently dictated by the presence of these charges. More crucially, charge-charge interactions 

frequently mediate essential biological processes, ranging from the packaging of DNA around 

histones[2] to microbe adherence to surfaces and hosts.[3] To explain the mechanism of polyion 

complex formation, ideas based on electrostatic forces and Flory-Huggins mixing free energies 

of polyelectrolytes have been presented.[4][5][6] The backbones of the two polymers are 

generally incompatible and repel each other; however, the charge fraction of the polymers 

affects the type of interaction. When the charge fraction is low, the polymer backbone repulsion 

(Flory interaction parameter) is prioritized, and the solution splits into two phases, each 

containing mostly one of the polymers. The favorable electrostatic interactions between the 

polymers dominate at high charge fractions, and they precipitate to form a complex. The 

equilibrium state in an intermediate range of charge fraction can be a meso phase, in which the 

two polymers only separate microscopically. Depending on the stoichiometry of the mixture 

(relative concentrations, chain lengths, and charge densities), one can see either a macroscopic 

phase separation between the solvent and the polymers or a partial aggregation of the polymer 

chains.[7] It is no surprise that scientists have attempted to mimic these fundamental polyionic 

interactions in order to create synthetic systems that can interact with biology. Various works 

about polyionic complex have been investigated as novel platforms to stabilize and deliver 
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drugs,[8][9] proteins,[10][11] or nucleic acids.[12][13][14]  Based on electrochemistry, they are 

classified as polyacids/polyanions, polybases/polycations and polyampholytes. Some of the 

important polyelectrolytes are exemplified in Table 1.1. 

Table 1.1 Some of the important polyelectrolytes[15] 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

https://www.ncbi.nlm.nih.gov/pmc/articles/PMC2866337/table/T0001/
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As shown in Figure 1.1, The formation process involved mainly three steps. The first step is 

primary complex formation, which is controlled by Coulomb forces. The formation process 

within intracomplexes is the second step. It includes the construction of new bonds and/or the 

correcting of polymer chain distortions. The third step is intercomplex aggregation, which 

includes secondary complexes aggregating mostly through hydrophobic interactions.[15] 

 

 

 

Figure 1.1 Schematic representation of the formation and aggregation of polyelectrolyte 

complex. a. Primary complex formation. b. Formation process within intracomplexes. c. Inter 

complex aggregation process.[15] 
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A number of parameters are known to influence the formation of polyelectrolyte complex.[16] 

These are ion site, charge density, polyelectrolyte concentration, pH, ionic strength, solvents 

and temperature. Therefore, many of the applications are based on the functional properties of 

the polyelectrolyte. The functional applications of polyelectrolyte complex are summarized 

in Table 2.1.[15]  

Table1.2 Practical application of polyelectrolyte complexes. 

 

 

Polyelectrolytes and polyelectrolyte complexes are the subjects of substantial investigation. 

They have a lot of potential in ecology, biotechnology, medicine, and pharmaceutical 

technology, which is an excellent option for designing novel material in various applications. 

 

 

 

 

https://www.ncbi.nlm.nih.gov/pmc/articles/PMC2866337/table/T0002/
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1.2 Polysaccharides 

Polysaccharides consist of multiple monosaccharide or disaccharide units that are linked by 

glycosidic bonds. Their function in living organisms is both structure and storing energy in the 

body system. Many polysaccharide chains can assemble as ordered helical in secondary 

structures. A regular repeating sequence of sugar residues may terminate the secondary 

structure. Hence, the mechanism by which native polysaccharides may link up to form three-

dimensional networks such as biological tissues and gel formation, which lead to adaptation in 

a variety of applications.[17] The concept of self-assembled polymers covers large polymerlike 

structures designed by reversible or nonreversible aggregation of monomers, oligomers, and 

polymer segments driven by chemical reactions or noncovalent interactions, such as hydrogen 

(H) bonding, π–π stacking, van der Waals forces, and hydrophobic and host-guest 

interactions.[18][19] In general, self-assembled polysaccharide systems are stable, meaning they 

have a low Gibbs free energy and thus a thermodynamic state that is closer to equilibrium. As 

a result, self-assembled polysaccharides on the macromolecular surface prefer to release energy 

or reduce overall energies.[20] Due to its adaptability in terms of morphological variations, 

hierarchical features, number of utilized, and stabilizing effects, polysaccharide self-assembly 

has been manipulated marvelously for a great number of applications in recent decades, as 

shown in Figure 1.2a-d.[21]-[25] Apart from self-assembling ability, polysaccharides provide 

many benefits from their bioactive functional group, which is summarized in Table1.4.[27] 

Polysaccharides, on the other hand, can have a wide range of molecular weights and their 

chemistry can be quite variable. As a result, predicting or limiting the possible use in drug 

administration is difficult.[26] The alternative material or technique is still required to be 

developed for more advanced material design. 
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Figure 1.2 a. Schematic illustration for self-assembly of hydroxyethyl cellulose-linoleic acid 

copolymer into nanomicellar structures.[21] 

 

 

 
 

Figure 1.2 b. Potential use of Chitosan in drug delivery applications.[22] 
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Figure 1.2 c. The construction of short dextrin nanoparticles and peppermint oil-loaded.[23] 

 

 

Figure 1.2 d. Potential role of xanthan gum in healthcare systems.[24][25] 
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Table1.4 A brief summary of bioactive polysaccharides from different sources.[27] 
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Table1.4 (continue) A summary of bioactive polysaccharides from different sources.[27] 
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1.3 Sacran supergiant polysaccharide 

Cyanobacteria is one of the oldest and most important groups of bacteria on earth which live 

in the water and obtain their energy by photosynthesis. Cyanobacteria have been essential in 

evolution and ecological change all over the earth. One of the most beneficial of cyanobacteria 

is they are the origin of eukaryotic mitochondrion throughout the endosymbiosis process. 

Moreover, many cyanobacteria can produce mucus polysaccharide, which is released into the 

medium of cell. These released polysaccharides (RPSs) are created for the purposes of adhering 

to the surface, keeping moisturizer and protecting themselves from host’s immune system.[28]-

[30] RPSs consist of numerous number and types of monosaccharides. Cyanobacteria are an 

abundant source of diverted polysaccharides which are complex anionic heteropolymers.[31] 

Most of it contains non-saccharide components such as peptidic moieties, acetyl and sulfate 

group. Following those constituents, cyanobacterial RPSs could play important roles for instant 

thickening or suspending agents, emulsifying or cation chelating compounds and residual 

capsulated biomass. Owing to their advantages, cyanobacterial RPSs have attracted 

researcher’s interest in various fields. 

Aphanothece sacrum (Sur.) is one of cyanobacteria (Figure 1.3, 1.4) and produces 

jellylike matrix for their own cell colony which contains a plenty number of polysaccharides. 

They naturally grow in the spring river around the middle region of Kyushu island in Japan. 

Aphanothece sacrum is only 5-6 species out of 2500 species in the world that are edible. In 

addition, RPSs from the matrix have high water content and high-performance hydration 

behavior. So, Okajima M. et al.[28] has studied and successfully extracted cyanobacterial 

polysaccharide, which is called sacran from Aphanothece sacrum.    
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Sacran (Figure 1.5, 1.6) is one of the fascinating anionic polysaccharides (polyion) which was 

reported in various valuable properties, for example, metal adsorption,[33] anti-inflammatory 

[34] and transdermal drug carrier.[45] It shows incredibly high molecular weight over 107 g/mol, 

which is an enormous number compared with other extracted microorganism polysaccharides 

reported so far. The characterization of sacran structure was also studied by the same research 

group. The partial structure of sacran (Figure 1.7) composes of more than ten sugar residues 

such as hexoses, pentoses, deoxyhexoses, uronic acid, sulfated muramic acid, etc. From 

previous research, sacran is plant-derived functional materials and shows self-orientation, 

which could have formed a bundle with twisted morphologies in 3 µm in length, as shown in 

Figure 1.8. 

 

 

 

 

 

Figure 1.6 Polysaccharides 

extracted from Aphanothece sacrum 

in dry state [32] 

Figure 1.5 Polysaccharides 

extracted from Aphanothece sacrum 

in acetone [32] 

Figure 1.3 Picture of 

Aphanothece sacrum [32] 

Figure 1.4 Optical micrograph of 

Aphanothece sacrum [32] 
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Figure 1.8 Microscopic images of sacran chains. a. Atomic force microscopic (AFM) images 

of sacran chains dried from very dilute solutions on mica substrates (arrow: a representative 

bundle of sacran chains). b. Transmission electron microscopic (TEM) images of specimens 

dried on a carbon-coated Cu grid. Illustration: the helical form of sacran chains speculated as 

to the basis of TEM images.[30]  

 

Figure 1.7 Partial structure of sacran [32] 
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Moreover, the study about ionic state and chain conformation of sacran aqueous solution was 

clarified (Figure 1.9). It can be concluded that sacran aqueous solution has overlap 

concentration (c∗) ≈ 0.004 wt% and entanglement concentration (ce) ≈ 0.015 wt%.[36] 

 

Figure 1.9 Schematic illustrations representing the chain conformation of sacran in salt-free 

solutions [(c∗) overlap concentration, (ce) entanglement concentration, (cD) critical 

polyelectrolyte solution, (ch) helix transition concentration, (cg) gelation concentration].[36] 

 

From the previous researches, it can be said that sacran could self-assembled to form twisted 

structures from nanometer scale to micrometer scale under mild conditions and without any 

modification. In the range of concentrations between 0.02 and 0.09 wt%,[36] sacran chains have 

many opportunities to overlap each other but do not show associations. When the concentration 

is more than 0.09 wt%, sacran chains form double-helical and rigid structures. At 0.25 wt%, 

the aqueous sacran solution shows a sol-gel critical state phase because of an increase in chain 

entanglement and fractions. The nematic LC phase seems to form at ~0.5 wt%.[38]  
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Recently, a rigid rod-like microdomain from the drying record of sacran was observed by 

optical microscope (Figure 1.10).[37] The microdomains which could be observed presented 

rigid character, which is likely to relate with its twisting structure. This is a result of self-

assembly in water, and they easily orient on a drying interface. Comparing with other 

polysaccharides such as cellulose or xanthan gum, the sacran microfiber has a remarkably large 

self-assembled structure. The microfiber also could easily disassemble into fiber bundles ~50 

nm in diameter by adding NaCl, CaCl2 and, HCl.[39] 

 

 

Figure 1.10 Optical microscopic images of sacran after drying the aqueous solution.[37] 

 

1.4 General Purpose 

Sacran has remarkable self-assembling/disassembling capabilities that allow it to generate 

morphologies of varied sizes. Additionally, the biological features of sacran may ignite our 

curiosity in learning more about it and developing it further. As a result, the morphological 

regulation of self-organized sacran will be defined in this study, and it will be utilized as new 

advanced material. 
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CHAPTER II 

POLYSACCHARIDE FIBERS 

WITH SELF-ASSEMBLING TWISTED MICROSTRUCTURES 
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2.1 Introduction 

Polysaccharides are natural products that have attracted significant attention owing to their 

environmental adaptivity, their biocompatibility with commercial products such as foods[40][41] 

and cosmetics,[42][43] and their suitability for medical applications.[44][45][46] Recently, various 

kinds of advanced soft materials have been designed using polysaccharide nanoarchitecture, 

such as pullulan, which is used in a drug delivery system, and cellulose nanofibers, which have 

been used to engineer flexible paper devices.[47][48][49] Moreover, in consequence of 

biochemical polymerization from the various saccharides and the arrays, various architectures 

of self-assembled polysaccharides at nano- and submicrometer scales have huge potentials in 

material fields. However, the original hierarchical structures of polysaccharides are rarely 

utilized because of the difficulties involved in regulating their self-assembled structures on the 

micrometer scale. In contrast, many types of bio-inspired materials have been fabricated using 

synthetic polymers, such as soft actuators that respond to environmental changes, including 

temperature, charge, and humidity,[50]-[59] and the responsiveness of these materials has been 

amplified and diversified through the immobilization of functional molecules or functional 

nanoparticles into polymer networks.[60]-[67] Here, considering the origin of polysaccharides and 

the habitat environments, the polymers should have significant potential for use not only in 

water but also in humid environments. If the self-assembled structures of these natural 

polysaccharides can be reconstructed in vitro, it will lead to a better understanding of the 

morphological changes that occur during polysaccharide self-assembly in water, as well as the 

development of a new class of bio-inspired materials with regulated nanoscale structures. 

Sacran is a natural polysaccharide that is extracted from the freshwater cyanobacteria 

Aphanothece sacrum.[68] This polysaccharide has unique properties such as its megamolecular 

weight (106–108 g mol−1) and a composition consisting of more than ten types of sugars. On 

the molecular scale, sacran contains rigid rod bundles with helical structures, similar to other 
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polysaccharides.[69] In the extracted state, it exhibits stable polymeric liquid crystallinity (LC) 

even at relatively low concentrations (>0.5 wt%).[68] Remarkably, unlike typical “microfibrils” 

that have diameters of ≈5 nm and lengths <1 μm, such as those seen in cellulose nanofibers, 

sacran is capable of self-assembling into very large fibers with diameters of ≈1 μm and lengths 

>200 μm.[70],[71] It is remarkable that a cyanobacterium with a diameter of only ≈5 μm can 

produce such a large polysaccharide fiber as an extracellular matrix. Although the unique 

polymeric properties have been revealed, the fiber’s microstructures, microscopic 

morphologies, and transformations have been unknown. In this study, a method for inducing 

the self-assembly of a polysaccharide-based on an evaluation of its morphological properties 

is demonstrated (Figure 2.1). First, micrometer-scale morphological changes in the self-

assembled microfiber at the evaporative air–LC interface were determined in vitro. The self-

assembly/disassembly of large fibers was then studied under controlled salt conditions. This is 

first reported that the polysaccharide can form unique twisted fibers in nanometer scale and 

micrometer scale. The air-water interface and capillary forces drive the geometric deposition 

of microfibers during the drying process. Focusing on the effect of the capillary force, the 

deposition behaviors of assembled fibers and the single fiber are studied. A cross-linked 

polysaccharide film was made and the impacts of the microfiber's spring behaviors in an 

environment with a humidity gradient were presented to indicate the possible usage for vapor 

sensitive materials. 
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Figure 2.1 Schematic illustration of sacran fiber morphological changes. The upper section of 

the figure illustrates particle shapes with ≈1 μm diameter at low concentration and self-

assembled microfiber with ≈1 μm diameter at high concentration, as well as the micrometer-

scale fiber (M-fiber) as a bundle of nanometer-scale fibers with ≈50 nm diameter (N-fiber). 

The lower section of the figure illustrates the transformation of the M-fiber into 2D snaking 

and 3D twisted structures upon drying. 
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2.2 Materials and methods 

2.2.1 Materials 

Sacran was extracted from Aphanothece sacrum and purified following a previously described 

procedure.[68] The average molecular weight of sacran used in the experiment was measured 

by size exclusion chromatography with multi-angle light scattering: Mn = 3.23 × 106 g/mol, 

Mw = 3.45 × 106 g/mol (Mw/Mn = 1.04). TEMPO-cellulose nanofiber (TEMPO-CNF), used 

as a polysaccharide control, was purchased from Oji Holding Co. Analytical-grade HCl, NaCl, 

and CaCl2 were supplied by Kanto Chemical Co. and used without further purification. 

2.2.2 Preparation of polymer solutions 

The sacran solution was obtained by dissolving the appropriate amount of sacran in deionized 

water at room temperature (∼25 °C). To study ionic effects, 1 mM aqueous solutions of HCl, 

NaCl, and CaCl2 were used instead of deionized water to make the sacran solution. The sacran 

solutions were homogenized using a mechanical stirrer, and at least 6 h was allowed to elapse 

before use. 

2.2.3 Microscopy observations 

The sacran solutions (1–3 μL) were dropped onto a non-modified glass slide and dried at 

∼25 °C and 1 atm. The drying process was observed and recorded using a polarized optical 

microscope (IX73, Olympus), with a first-order retardation plate (λ = 530 nm) in the light path. 

The size and the bending degree of the fibers were analyzed by ImageJ software. The dried 

polymer depositions were observed at the submicron scale with a field emission scanning 

electron microscope (FE-SEM, S-5200, Hitachi). The samples were prepared for FE-SEM by 

dropping each solution onto a carbon-coated copper grid and then drying. The samples were 

then coated with platinum-palladium at 5 mA for 100 s. Scanning was performed under a high 

vacuum at an ambient temperature (~25 °C) with a beam voltage of 10 kV. 
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2.3 Results and discussion 

Sacran was extracted from Aphanothece sacrum and observed using a variety of microscopy 

techniques.[72] Figure 2.2a shows super-resolution confocal microscopy images of a 0.5 wt% 

aqueous solution of sacran dyed with fluorescein isothiocyanate. This clearly indicates that 

sacran exists in water primarily as a microfiber, with a diameter of 0.5–1 μm. Optical 

microscopy images of dried sacran reveal a fibrous structure with a length of hundreds of 

micrometers (Figure 2.2b).      

 
 

Figure 2.2 Self-assembly/disassembly of sacran microfibers. a. Super-resolution confocal 

microscopy image of an aqueous solution of dyed sacran. b. Optical microscopy images of 

dried sacran showing the microfiber.  
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Figure 2.3 a. SEM images of sacran microfibers. b. Schematic illustration of fibers with 

diameters in the micrometer scale (M-fiber) and nanometer-scale (N-fiber). 
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Figure 2.4 FE-SEM images of a dried sacran sample. a. Image just after being focused.  

b. Image ~10 s after being focused. The moment that the M-fiber was damaged by the electron 

beam during FE-SEM observation was captured; N-fibers can be seen around the edge of the 

cracked M-fiber (yellow arrows). 

 

Figure 2.3a shows field emission scanning electron microscope (FE-SEM) images of the M-

fibers. Each M-fiber is composed of torsional nanometer-scale fibers (N-fibers) with diameters 

of ≈50 nm (Figure 2.3b). This N-fiber is of a similar scale to the microfibrils in cellulose 

nanofibers. Such an N-fiber assembly could also be seen as a result of damage from the electron 

beam during SEM analysis (Figure 2.4). Thus, the M-fiber is torsional self-assembly of N-

fibers. To examine the macroscopic structure of the M-fibers, a dried droplet of the aqueous 

solution was observed using several types of microscopy. Figure 2.5a shows a polarized 

optical microscopy image of the dried droplet through a retardation plate (λ = 530 nm). The 

blue and yellow parts around the edge indicate the orientation along the circular arc. The optical 

microscopy image from the edge to the center, as shown in Figure 2.5b, clearly indicates that 

the M-fibers orient along a circular arc around the edge with >200 μm length in the radius 

direction. The SEM image clearly shows that the M-fibers on the edge are in a densely packed 

orientation (Figure 2.5c), but the density is relatively lower in the center. These results indicate 

that the M-fibers integrate and deposit along the contact line during the initial water 

evaporation stage.[34] At this point, the capillary force should enhance the integration of the 

fibers on the moving interface (Figure 2.5d).[74]-[77] 
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Figure 2.5 Effect of interfacial contact line on sacran microfibers. a) Schematic illustration of 

a drying droplet on the substrate and polarized optical microscopy image through a first order 

retardation plate (λ = 530 nm). b) Drying record of a droplet from edge to center. c) SEM image 

of microfibers. d) Mechanism of microfiber integration parallel to the contact line. Initial 

concentration of sacran: 5 × 10−2 wt%. Drying temperature: ≈25 °C. 
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The transformation of M-fibers into 2D snaking and 3D twisted structures was clearly observed 

on the inner side of the dried droplet (Figure 2.6a,b). The snaking structures have a width of 

≈5 μm and length of >50 μm. Most of the snaking structures are aligned in a similar direction, 

perpendicular to the circular arc of the contact line (Figure 2.6a). Figure 2.7 shows the 

formation of snaking structures during interface movement. It can be seen from these images 

that the M-fiber exhibits sufficient flexibility to conform to the shape of the moving contact 

line, positioning itself in parallel to the contact line. The moving velocity of the contact line, V 

was estimated as follows: V = Δr/Δt (where Δr = ri+1 − ri = displacement (μm), and Δt = ti+1 − 

ti = time change (s)). By estimating the change of the contact line position from the images 

(Figure 2.7), the velocities (V) at regions I, II, and III were calculated to be 17.5, 26.7, and 

28.5 μm/s, respectively. The pitch (P) of the snaking fiber (Figure 2.7, 3 s, yellow highlight in 

the image) in regions 1, 2, and 3, which was measured using ImageJ software, was calculated 

to be 3.2, 2.3, and 1.9 μm, respectively. These values are analyzed in light of the images taken. 

As V increased, P decreased in combination with a transformation from snaking structures to 

twisted structures (Figure 2.9c). In fact, the M-fiber is capable of forming an immediate U-

turn while maintaining its diameter (Figure 2.6a). Such a U-turn can occur during the slow 

movement of the contact line because of the capillary forces among the M-fibers (Figure 2.8).  
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Figure 2.6 Snaking and twisted structures of M-fibers. Optical microscopy images of  

a) snaking M-fibers and b) twisted M-fibers. 
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Figure 2.7 Formation of snaking structures at the contact line over time. Yellow arrows 

indicate the direction of the moving interface.  
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Figure 2.8 2D-snaking structures formed under action of capillary force. a. Optical microscopy 

image of the packed snaking M-fibers. Initial concentration of sacran: 5 × 10-2 wt%. Drying 

temperature: ~25 °C. b. Schematic illustration for a cross-section of the droplet edge and M-

fiber deposition under the action of capillary force. 
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Figure 2.9 a) Transformation mechanism of M-fibers based on correlation between direction 

of contact line and long axis of M-fibers. b) Time-dependent change in drying droplet radius. 

c) Pitch in snaking form as a function of velocity of moving interface 

 

 

Figure 2.10 Optical microscopy image of a single M-fiber in snaking, twisted, and straight 

structures. Initial concentration of sacran: 5 × 10−2 wt%. Drying temperature: ≈25 °C. 
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Similarly, twisted structures with a width of ≈5 μm and a twist angle of ≈40° were observed 

(Figure 2.6b). Capillary forces and the velocity of the contact line are the dominant factors in 

creating these formations (Figure 2.9a). When one end point of the M-fiber is pinned on the 

substrate side, the fiber transforms into snaking structures when the contact line motion is slow 

and twisted structures when the contact line motion is rapid. As the droplet radius dried over 

time, the shape of the droplet changed in two steps: (I) the height of the droplet decreased, and 

(II) the radius of the droplet decreased (Figure 2.9b). During step I, the radius showed only a 

slight change, and the M-fibers gradually positioned themselves parallel to the contact line. In 

step II, not only was the radius reduced but the speed of the contact line motion was also 

accelerated. In fact, the pitch in the snaking structure reduced as the velocity of the contact line 

motion increased (Figure 2.9c). This acceleration induced a twisting transformation toward a 

thinner width. Figure 2.10 shows a series of optical microscopy images demonstrating the 

transformation of a single M-fiber into snaking, twisted, and straight structures. Considering 

that the M-fiber is estimated to have a length of ≈800 μm, the aspect ratio of these self-

assembled structures is remarkably high. Twisted multiple M-fibers were also confirmed by 

microscopy observations. Figure 2.11a shows a structure with a tightly twisted part and a 

loosely twisted part; Figure 2.11b shows the optical microscopy images of double and triple 

M-fibers in a twisted state; and Figure 2.11c is an FE-SEM image of a twisted structure with 

more than five M-fibers. These images clearly show that the M-fibers have a strong tendency 

to form twisted structures when induced by the motion of the interface. Similar to the formation 

process of single twisting structures, multiple straight M-fibers in a parallel orientation 

transform into a twisted structure parallel to the direction of contact line travel (Figure 2.11d). 

Given that the M-fiber is composed of torsional N-fiber bundles, the formation of these 

micrometer-scale twisted structures shows that this material has a self-similar relationship at 

the nanometer and micrometer scales.  
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Figure 2.11. Multiple twisted structures of M-fibers. a, b. Optical microscopy images.  

c. FESEM image. d. Schematic illustration of twisting formation induced by contact line 

motion. Initial concentration of sacran: 5 × 10-2 wt %. Drying temperature: ~25 °C. 
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Such a self-assembled microfiber is extremely unique. The microfiber (M-fiber) is capable of 

disassembling into submicrometer-scale particles in aqueous NaCl solution. This is because 

the sodium cations displace the protons of carboxylic acid groups, breaking the intermolecular 

hydrogen bonds. This ionic effect was confirmed by mixing HCl, NaCl, or CaCl2 into the 

sacran solution (Figure 2.12).[72] In cases of HCl and NaCl having monovalent cation, the 

microfibers were disassembled into small fragments in the concentration of 1 × 10−3 M. In 

contrast, the microfiber maintained their structure in 1 × 10−3 M CaCl2 solution. This difference 

should be because that the divalent cation Ca2+ is capable of binding with the carboxylate 

groups as a crosslinker. In the aqueous solutions with more than 10 × 10−3 M CaCl2 (Figure 

2.12b), it showed the disassembled small fragments, similar to the result in the cases of 1 × 

10−3 M NaCl. In the existence of the excess divalent cation, the Ca2+ would displace the protons 

of carboxylic acid groups on one-on-one level, similar to the case of monovalent cation. This 

supports the proposition that hydrogen bonding of the carboxylic acid groups is what makes it 

possible for the M-fibers to form a stable, self-assembled structure in pure water.  
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Figure 2.12 Ionic effect on assembly/disassembly of sacran M-fibers. a. Optical microscopy 

images of deposited polymers in hydrochloric acid, sodium chloride, and calcium chloride 

solutions and hypothesis of the binding mechanism. Initial concentration of sacran: 5 × 10-2 

wt %. Drying temperature: ~25 °C. [HCl]0, [NaCl]0, [CaCl2]0 = 1 mM. b. Optical microscopy 

images of given ionic concentrations. [HCl]0, [NaCl]0, [CaCl2]0 = 0, 1, 5, 10, 60 mM. 
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2.3.1 Application section I 

By utilizing the polymeric network formed by the M-fibers, a dried film was prepared and used 

as a vapor sensor.[71] The film used for the vapor sensor was cut from the area of the dried film 

having M-fibers in random directions (see Figure 2.5) and the thickness of the dried film was 

typically ~13 µm. Physical crosslinking could be introduced into the film by annealing at 

100 °C to make multiple hydrogen bonds among the sacran chains and ester bonds between the 

carboxylic acid and hydroxyl groups.[76] As shown in Figure 2.13 and Movie S2, when a water 

drop approached the flat film, the film immediately showed repulsive bending. When the water 

drop was kept at a distance of ~500 µm or more, the film reversibly returned to a flat state 

through evaporation of water. Spatio-temporal analysis of the motion indicated that the film 

reversibly switched between flat and bent states within 300–800 ms (Figure 2.13). The snaking 

and twisting structures of the M-fiber are responsible for the film's repulsive motion. The M-

fiber on the damp side of the flat film can extend the network like an uncoiled spring when it 

absorbs moisture.The force and repulsive motion generated by the extension of the fiber when 

moisture is introduced can be explained using Hooke’s Law, as illustrated in Figure 2.14. 

Hooke’s law is represented by the equation F = –kX, which states that the extension of a spring 

(X) is linearly proportional to the force (F), with a variable corresponding to the spring constant 

(k). The transformation of the M-fiber from a tightly twisted state to a snaking state was 

proceeded by an increasing water content, and corresponded to an increase in length on the 

long axis of ~1.5 times its original length (see also Figure 2.15 and Movie S3). From Hooke’s 

law, it can be seen that the restoring force should act in the opposite direction of the 

displacement. In agreement with this, when the moisture source was removed, the film 

immediately reverted to its previous position. These results support the theory that the snaking 

and twisted structures act as micro-springs within the film. Such a repulsive motion was not 

observed in the case of a film made of TEMPO-oxidized cellulose nanofibers (TEMPO-CNF), 
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which was prepared under the same conditions and with a similar thickness. In the CNF 

network, the rigid bundles of microfibrils apparently restricted the extension of the network. 

This theory is supported by a comparison of the swelling kinetics from the dried state to the 

wet state between the sacran film and the CNF film (Figure 2.16). Whereas the CNF film only 

swelled to ~110% in length, the sacran film swelled drastically to ~135%. By performing the 

motion test under different solvent vapors of various relative permittivities, it was confirmed 

that the film motion was caused by hygroscopicity and not by an electrostatic force (see Movie 

S4 and Table 2.1). Figure 2.17 shows a schematic illustration of the bending motion of the 

sacran film upon sensing local humidity. The water-approaching side of the film adsorbs 

moisture and the snaking/twisted M-fibers immediately extend. In contrast, the other side of 

the film remains dry for a short time, which causes no extending. Similarly, the film depicts a 

quick reaction to the water drop receding, moving from the bent to the flat state. The network 

could swiftly release water by shrinking because the expanded M-fibers had extension stress 

like a spring. As a result, the twisted film immediately flattens. Thus, the snaking and twisted 

M-fiber network enables millisecond bending and stretching responses to changes in local 

humidity.  
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Figure 2.13 Humido-sensitive polysaccharide film. Repulsive motion against water drop 

approach and stacked images of the selected line showing the mechanical responsiveness to 

the water drop approach. Radius of water drop: ~1 mm. 
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Figure 2.14 Microscopy images of CNF and sacran films (viewed from above) and network 

models. The CNF film is composed of rigid microfibril bundles, and the sacran film is 

composed of snaking/twisted M-fiber networks. 
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Figure 2.15 Optical microscopy images of twisted M-fibers transformed into snaking M-

fibers at the same position. Initial concentration of sacran: 5 × 10-2 wt %. Drying temperature: 

~25 °C. See also Movie S3. 

 

 

 

Figure 2.16 Swelling kinetics of the films from the dried state to the wet state in pure water.  
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Figure 2.17 Schematic illustration of the humido-sensitive film composed of a snaking/twisted 

M-fiber network. 

 

 

 

Table 2.1 Response of film to solvent vapors. 

Solvent water formic ethanol acetic hexane acetic 

pH2 

ammonia 

pH12 

Relative permittivity 

(Fm-1) 

80 58 24 6.2 2.0 mixed 

solvent 

mixed 

solvent 

Response ++ +++ + + – ++ ++ 

 

Symbols indicate the speed at which the film responded to the vapor: very fast (+++), fast 

(++), slow (+), and no response (–). 
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2.3.2 Application section II 

The M-fiber not only could use as a humido-responsive material but also could adapt 

to use as a micropattern scaffold for controlling cell orientation. Because of its unique ability 

to form hierarchical twisted fiber in the nano-micro scale, the micro-alignment surface was 

successfully prepared. This study was well supported by Matsumura Laboratory. Under mild 

conditions, this material could be created by a natural drying process. The deposition from a 

solution 5 × 10-1 wt%, rigid fibers were observed with high orientation around the droplet edge 

(Figure 2.18). To prepare the sacran oriented fibers as a scaffold, the sacran sample is annealed 

at a high temperature to maintain its micro pattern fibers under a wet environment in the form 

of a hydrogel. The human mesenchymal stem cells (hMSC) were loaded to sacran hydrogel. 

After 6 days, a number of cells could grow in the whole area. This indicated that sacran 

hydrogel is cell compatible. Furthermore, the cell showed orientation according to the 

microfiber’s alignment around the edge area (Figure 2.19). The optimized condition is at 5 × 

10-1 wt% with the initial cell density 100,000 cells/ mL. The main factors that affected cell 

attachment, shape and, orientation on sacran hydrogel substrate are 1) the softness of hydrogel 

and, 2) the roughness of micropattern. So, the results supported the hypothesis that sacran 

microfiber’s alignment could control the cell orientation, which would affect to the cell 

function and differentiation. This research will help to better understand how cells respond to 

polysaccharide micropattern and will aid to the development of a new straightforward cell 

orientation. 
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Figure 2.18 a. Optical microscopic images at the edge of the droplet drying record, b. the 

evaluation of the orientation, FFT means fast Fourier transform. c. SEM image of oriented 

microfibers at initial concentration of sacran: 5 × 10−1 wt%, drying temperature ~25 °C.  
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Figure 2.19 a. fluorescent images of hMSCs with the cells density 100,000 cells/mL seeded 

on on the polystyrene substrate for 6 days. b. the cells seeded on sacran dried droplet 5 × 10-1 

wt% for 6 days. hMSCs were stained by Calcein-AM. All scale bars are 100 µm. c. zoom in 

oriented cells at the edge area. d. histogram data of the distribution of angle θ, of the extended 

cell along with the sacran orientation pattern around the edge. FFT means fast Fourier 

transform of area c. 
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Other Supplementary Materials for chapter 2 include the following:  

Movie S1. Snaking structure formation. 

Structure formation in the direction of the moving interface. See also Figure 2.7. 

 

Movie S2. Water vapor sensing demonstration. 

Actual speed. See also Figure 2.13. 

 

Movie S3. Transformation from twisted M-fibers to snaking M-fibers. 

See also Figure 2.17. 

 

Movie S4. Effect of solvent vapor on film motion. 

The film was exposed to a vapor environment of water, concentrated acetic acid, 

concentrated formic acid, ethanol, hexane, diluted acetic acid (pH2), and diluted ammonia 

(pH12) at ~25 °C and atmospheric pressure. 
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2.4 Conclusion 

The polysaccharide sacran was studied morphologically as a self-assembling microfiber and 

used in the preparation of a humidity-sensitive actuator. It was determined that the microfiber 

had a diameter of ~1 µm and formed of a torsional self-assembled structure of nanofibers with 

diameters of ~50 nm. This structure was stable in pure water. Upon adding monovalent cations 

such as Na+ from NaCl, the microfiber is capable of disassembling into submicrometer-scale 

particles. The microfibers tended to integrate into a uniaxially oriented state along the contact 

line of the evaporative air-water interface. When one side of the microfibers was fixed, they 

drastically transformed into 2D snaking and 3D twisted structures. The velocity of the contact 

line movement during drying affected the structure formed because of the capillary forces at 

work between the microfibers. The evaporative air-water interface also induced multi-twisted 

structures to form from multiple microfibers, thereby showing that this material has self-similar 

nano and microstructures: the snaking and twisted fibers made possible a film exhibiting 

millisecond-response repulsive motion to water vapor. It would be feasible to produce a variety 

of soft actuators responding to various changes in the external environment, such as light, pH, 

and temperature, by inserting functional molecules into the microfiber. This study's method for 

creating vapor sensors not only advances our understanding of how self-assembled structures 

respond to stimuli, but it also aids in the development of environmentally adapting materials 

with a high potential for long-term use. We envision that this approach is capable of 

reconstructing additional natural materials towards developing advanced microsensors. 

Moreover, the scaffold of highly oriented M-fibers was successfully prepared. This could be a 

excellent place to start looking into cell orientation in relation to M-fibers for the new material 

design. 
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CHAPTER III 

SUPER-MOISTURIZING MATERIALS FROM MORPHOLOGICAL 

TRANSFORMABLE SUPERGIANT POLYSACCHARIDE  
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3.1 Introduction 

Polysaccharides are biopolymers made up of monosaccharides linked by glycosidic bonds that 

are extracted from plant, animal, microbial, and algal sources. They are frequently found in 

high abundant, water soluble, and easily processed biomaterials that are fairly affordable 

cost.[79],[80] Because of the diversity of polysaccharides and their natural sources, they can 

produce biocompatible and biodegradable systems with a wide range of biological and 

chemical functionality that is useful for drug delivery applications. Drugs can be absorbed onto 

surface compartments or bonded to the external surface when utilizing polysaccharides as 

particles.[81] This can improve the drug's aqueous solubility and the stability of drugs and other 

unstable therapies like proteins.[82]-[86] In particular, drug carrier material is frequently done in 

nanoparticle formTheir small size helps them to cling to mucosal surfaces for oral or nasal 

delivery, after which they are delivered to cells via intracellular transport. [87]-[91] However, 

polysaccharides may have broad and/or mixed molecular weights and, that some 

polysaccharide chemistry is extremely changeable. As a result, it difficult to predict or limits 

the potential use in drug administration.[92] Sacran polysaccharide could be extracted with a 

low polydispersity index of the molecular weight. It also has beneficial properties for use with 

living organisms, including cell compatibility, anti-inflammatory properties, and water 

solubility. As a respect, it could be an excellent option for developing a novel polysaccharide 

nano-micro carrier. 
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In this study, the morphological change from a polysaccharide microfiber to micro-

nano particles is studied under controlled polymer concentration, salt addition and, sonication 

(Figure 3.1). Firstly, the reversible self-assembly/disassembly of micrometer-scale fibers are 

determined in vitro depending on the dilution/concentration effect. The sacran microfibers are 

able to transform into small fragments on a nanometer scale due to the diluted state of the 

polymer concentration. Secondly, a method for inducing the morphological transformation 

from microfibers to microparticles based on a salination effect is also demonstrated. The sacran 

microfibers are capable of disassembling on a nanometer-scale fragments in NaCl aqueous 

solution. According to a high salt concentration, this could be further proceeded to form 

microparticles through the self-organization of polysaccharides. Dilution and salination could 

reduce entangle ability of the polymer chain. Hence, the interaction between polymer chains is 

the main factor that caused the morphological transformation of the microfibers. Lastly, the 

sonication effect is considered, the polysaccharide chains are cut due to a cavitation effect from 

the sonication process. The shock wave could induce the morphological change of sacran 

microfibers to sacran spherical shape in the nanoscale to a micrometer. On account of the facile 

and non-organic solvent of the particle preparation, this material could be the alternative option 

in the green chemistry and medical material field.  
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Figure 3.1 The hypothesis of morphological instability of polysaccharides, sacran.  
a. Schematic illustration of morphological changes under the control of polymer 

concentration, salt concentration, and sonication.  

b. Correlation of underwater environment and metastable morphological states. 
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3.2 Materials and Methods 

3.2.1 Materials 

The average of sacran initial molecular weight used in the experiment was measured by size 

exclusion chromatography with multi-angle light scattering: Mn = 5.327×106 g/mol, Mw = 

5.418×106 g/mol (Mw/Mn = 1.017). NaCl was provided by Kanto Chemical Co. and used 

without further purification.  

3.2.2 Dilution and concentration study 

The sacran solution was prepared by dissolving the appropriate amount of sacran in deionized 

water at room temperature (∼25 °C). Then it was homogenized using a mechanical stirrer, and 

at least 6 h was allowed to elapse before use. To study the dilution effect, deionized water was 

added in appropriate amount to the solution. After that, the solution was homogenized by 

vortexing. To study the concentration effect, the Amicon® Ultra filter device with Ultracel™-

PL regenerated cellulose membranes MWCOs 100 kDa was used to remove water from the 

initial solution.     

3.2.3 Salination and desalination study 

To study ionic effects, 0.5 mM and 1 mM aqueous solutions of NaCl were used instead of 

deionized water to make the sacran solution. To remove NaCl, the solution was washed by 

deionized water the Amicon® Ultra filter with MWCOs 100 kDa. So, the concentration of 

polymer could be controlled by fixed solution volume.   
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3.2.4 Sonication effect study  

Sonication was applied using a vibra-cell ultrasonic liquid processor from sonics & materials, 

inc. which has processing frequency 20 kHz ± 50 Hz. The ultrasonic energy was applied 50 

second on and 10 second off pulser at the amplitude 40%. The total energy input energy was 

treated from 200 J/mL to 1,000 J/mL using a 13 mm diameter probe to 50 mL sacran solution 

in 150 mL PYREX beaker, which was kept in an ice bath during ultrasonication to avoid 

overheating. The sample temperature was set at the temperatures 40 °C.  

3.2.5 Microscopy observations 

The sacran ultrasonic treated solutions (1–3 μL) were dropped onto a silicon wafer and dried 

at ∼25°C and 1 atm. The samples were then coated with gold (Au) for 10 nm thickness. The 

dried particles were observed at the submicron scale with an emission scanning electron 

microscope (TM3030Plus, Hitachi). Scanning was performed under high vacuum at an ambient 

temperature (~25 °C) with a beam voltage of 10 kV. For transmission electron microscopic 

observation, the samples were prepared by dipping carbon coated copper grid on the particle 

solution then dry it. The observation was operated by Hitachi H-7650 with a voltage of 100 

kV.  

3.2.6 Dynamic light scattering (DLS) 

The hydrodynamic diameters of sacran particles were performed using a Zetasizer Nano ZS90, 

Malvern Instruments Ltd., England. The measured scattering light intensity is displayed as 

photon count rate with a unit of kilo count per second (kcps). A disposable folded capillary cell 

(DTS1070) was used as a sample container. Zetasizer Software was used to analyze the data.  
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3.2.7 Gel permeation chromatography (GPC) 

The GPC machine with a fused Silica column was used to analyze the molecular weight of the 

polymer. The mobile phase consisting of pure water and 0.100 N Sodium nitrate. The sample 

injection amount was typically 10 µg. The flow rate was maintained at 1 mL/min with a column 

temperature of 40 °C, and elution was monitored at 665 nm. The DAWN® HELEOS® II multi-

angle static light scattering (MALS) detector was used to detect the molar mass and size of 

macromolecules in the solution. 

3.2.8 Thermogravimetric analysis (TGA)  

Thermal analysis and the decomposition temperature of the dried polymer were detected 

using Seiko Instruments SII, SSC/5200. After loading samples of the sacran in flat platinum 

pans, the measurements were taken under nitrogen at a heating rate of 5 °C/min. Thermogram 

was recorded from the temperature 25-400 °C. 

3.2.9 Differential scanning calorimetry (DSC)  

The freezable water and non-freezable bound water in the sacran hydrogel were measured by 

Seiko Instruments SII, X-DSC7000T at a scanning rate of 5 °C/min from -80 °C to 25°C 

under nitrogen gas. Samples were placed in a sealed aluminum pan and weighed before and 

after the measurements. 

3.2.10 Drying behavior of the sacran microgels comparing with the conventional sacran 

fibers 

The sacran died samples were prepared as 0.050 wt%. Then, the solutions (1–3 μL) were 

dropped onto a non-modified glass slide and dried at ∼25 °C, 1 atm with the relative humidity 

(RH) 20-30%. The drying behavior was recoded continuously for 24 h by an optical microscope 

(IX73, Olympus). 
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3.3 Results and discussion 

3.3.1 Dilution/concentration effect 

Sacran is extracted from Aphanothece sacrum. It is a soluble polysaccharide with 106–108 

g/mol molecular weight.[93] The previous report clearly indicated that sacran exists in water as 

a microfiber.[94]  Figure 3.2a and 3.2b show optical microscopic images of dried sacran in 

different concentrations. The self-assembly/disassembly of sacran microfibers depends on the 

initial concentration of the polysaccharide. Based on illustrations from the dilution effect 

(Figure 3.2a), morphological changes of sacran could be discussed as a function of overlap 

concentration (c*) and entanglement concentration (ce) (Figure 3.2c). From the studied chain 

conformation of sacran, it indicated that c*=0.004 wt% and ce=0.015 wt%.[95] In a 

concentration of less than 0.004 wt%, the sacran chain will behave like an isolated negative 

charge polymer. As it is shown in the optical microscopic images of 0.001 wt%, no microfibers 

could be observed in this condition. Still, stripes with the same direction on the background of 

the images could be suspected as sacran nanofibers, which was also confirmed by the electron 

microscopic image on a scale of ~50 nm (Figure 3.2d). The concentration ranges between 

0.004-0.015 wt% is in the semi-dilute unentangled state, sacran chain still have not shown 

clear microfibers assembling in the images of 0.005 wt% and 0.010 wt%. There is more 

possibility to overlap one another of the polymer chains at the concentration over than the ce. 

The higher concentration of the polymer chain was prepared, the more interaction between 

fibers was created. The microfibers assembling of sacran were clearly observed starting from 

the semi-dilute entangled state as shown in the images of 0.030 wt% and 0.050 wt%. The 

density of fibers per unit area and the fiber length is increased depending on the increasing of 

sacran concentration. In the range of concentrations between 0.015 and 0.050 wt%,[95] sacran 

chains have many opportunities to overlap each other as a semi-rigid microfibers (Figure 3.1, 

3.2e). The dilution and concentration effect were studied vice versa to confirm that this process 
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is reversible (Figure 3.3). The results suggested that the reversible morphological 

transformation of sacran microfibers could be proceeded by varying the initial concentration. 

Moreover, at the concentration under c*, more nanofragments were observed because the 

polymer chain could be hydrated to dissolve more in that state (Figure 3.2d). 
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Figure 3.2 Sacran concentration effect on microfiber formation. a. Optical microscopic 

images of sacran for disassembled from microfibers to microparticles by dilution. b Optical 

microscopic images of sacran self-assembled from microparticles to microfibers by 

concentration. All scale bar = 20 µm. 
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Figure 3.2c The illustration of assembly/dis-assembly mechanism of sacran microfibers and 

nanofragments.  

 

Figure 3.2d Transmission electron microscopic image of sacran at concentration 0.010 wt%.  

 

Figure 3.2e Scanning electron microscopic image of sacran at concentration 0.050 wt% and 

gray scale graph indicating the fiber alignment. 
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Figure 3.3 Methodology of increasing polymer concentration using ultra filter device. 

1. Add 500 µL of sample to the Amicon® Ultra filter device and cap it. 
2. Spin the device at 14,000 × g until it reaches the proper final volume. 
3. Remove the filtrate solution from microcentrifuge tube. 
4. Recover the concentrated solution in a clean microcentrifuge tube. 

 

The calculation of the proper final volume for the study of concentration effect  

Starting concentration;   N1 = 0.005 %wt 

Starting volume;             V1 = 500 µL 

Final concentration;        N2 = 0.01 %wt 

Final volume;                  V2 = (N1 × V1)/ N2 

                                            = (0.005 × 500)/ 0.01 

                                            = 250 µL 
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3.3.2 Salination/desalination effect 

Consider another factor that affects the microfiber assembling/disassembling process. The 

salination could disassemble the microfiber into submicrometer-scale particles. This salting 

effect was studied by adding different concentrations of NaCl into the sacran solution 0.050 

wt%. To understand the effect of the salt ions on the polymer, the NaCl concentration in the 

aqueous mixture was determined by estimating the number of hydroxyl groups in the polymer, 

with one of the major side chains as the index value. As shown in the microscopy image of 

Figure 3a, the dried sample from the aqueous mixture with ~0 mM NaCl showed twisted MFs. 

The microscopy images of the sample from the mixture after the addition of 0.5 mM mM NaCl 

showed shorter MFs. Furthermore, with the addition of 1.0 mM NaCl, the MFs could not be 

observed. From Figure 3.4a red arrow, at sacran 0.050 wt% solutions with no NaCl added, 

dried sacran from microscopic record showed twisted microfibers with a size more than 1 µm. 

While the records from the solution with 0.5 mM NaCl added showed shorten microfibers. 

Furthermore, at 1.0 mM NaCl added none of the microfibers could be observed. The 

disassembly of the MFs into MPs is likely caused by the excess salt ions that lead to a decrease 

in hydrogen bonds among the internal structure, such as hydroxyl groups.  Electrostatic free 

energy of the polymer was lowered by Na+ counterions, leads the increasing of the solvent 

activity, which resulting in higher solubility (Figure 3.4c). Increasing the solubility of polymer 

chains by added electrolyte known as a salting-in effect.[84][96][97] This is explained by the 

Debye–Huckel theory; the logarithm of solubility is proportional to the square root of the ionic 

strength.[98] The desalination process has been done to confirm that the dis-assembly microfiber 

from the salting effect is capable of proceeding in a reverse process. When the added NaCl was 

removed from the sacran solution (Figure 3.6), the microfiber could assemble as shown in the 
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microscopic images (Figure 3.4a blue arrow). In addition, the reversibility of microfiber 

assembly/dis-assembly was approved by the gel permeation chromatographs (Figure 3.4b). 

The chromatographs showed retention time ~15 minutes with Mw ~ 1.0×107  g/mol before 

salination. After salination, the peak split and shifted to retention time ~23 minutes with Mw ~ 

1.0×103  g/mol (Figure 3.5). The salination/desalination process was reproduced several times 

to confirm the phenomena. The results indicated that the polymer was literally 

assembled/disassembled from micrometer to nanometer scale through desalination/salination 

effect respectively.  
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Figure 3.4 Effect of salination/desalination on sacran microfibers assembly/dis-

assembly. a. Optical microscopic images of sacran salination/desalination. All scale bar = 20 

µm b. Gel permeation chromatograph of sacran assembly/dis-assembly from 

salination/desalination process. 
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Figure 3.5 GPC results of sacran with salt addition showed reversible of 

assembling/disassembling process. 
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Figure 3.6 Methodology of removing salt form the solution using ultra filter device. 

1. Add 500 µL of sample to the Amicon® Ultra filter device and cap it. 

2. Spin the device at 14,000 × g until it reaches the 200 µL. 

3. Remove the filtrate solution from microcentrifuge tube. 

4. Add DI water 300 µL to the concentrated solution in the Amicon® Ultra filter device 

again. 

(Repeat step 1-4 for 10 times) 

5. Recover the 500 µL of sample solution in a clean microcentrifuge tube. 
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As the dilution and salination effect on the microfibers' morphological change to submicron 

fragments, the size and shape are still uncontrollable. Accordingly, controllable morphology 

would be challenged in terms of a number of production perspectives. From the dynamic light 

scattering graph of sacran diluted state (0.001 wt%), a broad peak from several 10-1,000 

nanometer-size particles was shown in Figure 3.7a. After 10 mM of NaCl was added into the 

solution, a minor peak appeared around 50 nm owing to higher solubility from the salting-in 

effect. At last, 100 mM of NaCl was added, a unimodal distribution has dominantly appeared 

with a very narrow size distribution (PDI = 0.053). When NaCl was excess in the system, Na+ 

and Cl- competed with the polymer molecules in binding with water. The solvation shell around 

polymer chains would be decreased due to a relatively more minor affinity for the solvent, 

resulting in less soluble of the polymer.[96][99] The effects of salt on reducing the solubility of 

solute commonly referred to salting-out. The addition of electrolytes on nonelectrolytes is 

futher complicated by the fact that different types of intermolecular alternately play the main 

role in different environments such as type of salt, salt concentration and, solvent etc. Water 

molecules were moved away from the polymer leading to less interaction between polymer-

water and more interaction between polymer itself. From Figure 3.7b, transmission electron 

microscopic image of polymer at 0.001 wt% showed round particle size around 500 nm. Inside 

of the particle,  densely packed nanoballs size around 150 nm existed. After adding high content 

of salt, the size distribution became noticeably narrower. This might be owing to the isolated 

molecules of polymer salf associated with the enhancement of the salting-out effect. In the 

presence of high ionic concentration, water-ion is enthalpically favorable to arrange themselves 

to a cage-like around the solute.[97] The less hydrophilic part of polymer molecules is thus self 

associated with minimizing their surface that exposed to the water as densely packed particles 

(crystalline part in Figure 3.7c, 3.8). Then, the more hydrophilic part loosely wrapped outside 

(amorphous part in Figure 3.7c, 3.8) to balance the surface energy of the particle.  
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Figure 3.7 Effect of salt concentration on sacran microparticles formation.  

a. Dynamic light scattering graph of sacran microparticle in different salt concentrations  

b. Transmission electron microscopic image of sacran microparticles at sacran concentration 

0.001 wt%.  

c. Schematic illustration of sacran microparticles. 
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Figure 3.8 Transmission electron microscopic images of sacran particle showed crystalline 

and amorphous parts. 

To study the sacran morphological change, the interaction between polymer chains is 

the most important factor. The microfibers transformed into particles by suppressing the 

intermolecular interaction while inducing self-association from the illustrated effect; dilution 

and salination. However, from the viewpoint of the quantity, a low number of qualified 

particles could be obtained from the above method because the particle would be formed with 

narrow size distribution under the isolation of a polymer chain (< 0.004 wt%) with a high 

concentration of salt. To overcome this problem, ultrasonication was chosen as another 

technique to induce the morphological transformation of sacran polymer.  
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3.3.3 Sonication effect 

Ultrasonication is a facile and non-toxic technique to produce the narrow size distribution of 

the polymer scission caused by cavitations.[100] The polymer segments were pulled into the 

collapsing microbubble, which has a higher velocity than those segments further away.[101] The 

polymer chains become elongated and finally break apart due to high tension on the polymer 

backbone (Figure 3.9a). This process is a non-random process, as a scission generally occurs 

in the center of the chain.[102][103] At the concentration of 0.050 wt% (Figure 3.10a), after 

ultrasonic energy was applied for 1,000 J/mL, the polymer was cut into shortening fragments 

(Figure 3.10b) then transform into a micro ball when the energy reached 3,000 J/mL (Figure 

3.10c). Nonetheless, at this concentration, the polymers are in an entangled state. The polymer 

chains are not fully stretch in that condition. It is possible that some parts are in a coil 

conformation.  This could reflect the randomness size of cutting products, as shown in Figure 

3.10c. To improve the size distribution issue, the appropriate concentration for this experiment 

was optimized at 0.010 wt%. The polymer solution was treated by ultrasonic energy from 200, 

400, 600, 800 and, 1,000 J/mL. The size distribution was gradually minimized from before 

ultrasonication to after ultrasonication 1,000 J/mL (Table 3.1). Moreover, the particles size 

was proved by dynamic light scattering tecnique. Figure 3.11a, b, c showed the gradually 

reducing of spherical particle size from 554.9, 494.8, 392.0, 331.5 and, 303.0 nm respectively. 

On the acount of cavitation effect, the polymer chian scission was confirmed by gel permeation 

chromatography technique (Figure 3.11d). The molecular weight of polymer was dramatically 

reduced from 5.418×106 g/mol for initial polymer solution to 6.049×105 g/mol for 1,000 J/mL 

of ultrasonic treated solution.  
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Figure 3.9 Effect of sonic energy to sacran particle formation.  

The illustration of sacran sonicated annealed (SSA) preparation. 

 

 

 

Figure 3.10 Optical microscopic images of sacran transformation from microfibers to micro 

balls induced by ultrasonication. All scale bars = 20 µm 
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Table 3.1 Ultrasonication effect to reduction of molecular weight and hydrodynamic size of 

sacran particles. 

Energy 
(J/mL) 

Mw 
(g/mol) 

PDI 
(Mw/Mn) 

Dh 
(d.nm) 

St Dev 
(d.nm) 

PDI 
(St Dev/Dh)2 

0 5.418×106 1.017 640.4 263.8 0.170 

200 2.510×106 1.121 554.9 187.1 0.114 

400 9.271×105 1.251 494.8 154.2 0.097 

600 7.666×105 1.080 392.0 125.4 0.102 

800 7.653×105 1.313 331.5 96.67 0.085 

1,000 6.049×105 1.198 303.0 84.74 0.078 
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Figure 3.11 Sacran transformation from microfibers to microparticles induced by 

ultrasonication. a. Dynamic light scattering graph of sacran particles b. Graph relationship 

between ultrasonication energy treated to the polymer solution and hydrodynamic size of 

particle products. c. Scanning electron microscopic image of dried sacran 0.010 wt% treated 

by ultrasonication 1,000 J/mL then, annealed at 100 °C for 24 h. d. Graph relationship between 

ultrasonication energy treated to the polymer solution and hydrodynamic size of particle 

products.   
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Now, the condition for producing microparticles with narrow size distribution was optimized 

at an initial concentration of 0.010 wt% with 1,000 J/mL input energy. Focusing on the 

morphology of the particles, the polymer was packed densely as a spherical structure shown in 

Figure 3.12a, b. Afterward, the prepared particles were annealed at 100 °C for 24 h to perform 

the physical crosslinking between the polymer. Figure 3.13 showed the overlapped 

thermogravimetric and the differential thermogravimetric curves of conventional sacran fiber, 

sonicated sacran, conventional sacran annealed fiber and, sonicated annealed sacran. The 

onset decomposition temperature of the conventional sacran fiber is at 194 °C under 

experimental conditions. For sacran sonicated sample, the onset temperature shifted to 140 °C 

due to its lower molecular weight. Focusing on the annealed polymer, the conventional sacran 

annealed fiber showed an onset temperature at 217 °C. Annealing induced the shift of onset 

decomposition temperature because of physical crosslinking between polymer chains (Figure 

3.14c). Apart from the three samples that were mentioned above, the sonicated annealed sacran 

or the microparticles expressed differently. The two stages of weight loss were shown in the 

degradation pattern. The first one, which is between 160 to 240 °C is assigned to the 

evaporation of bound water.[104] The second decomposition temperature occurred in the range 

of 240 to 281 °C and, this high temperature is assigned to the decomposition of annealed sacran 

well packed structure. The annealing could be enhanced not only the thermal stability of the 

polymer but also be another way to reform the particle for practical application. The annealed 

particles were redispersed in water as microgel particles which shown fine spherical particles 

from scanning electron microscopic images in Figure 3.12c. The microgel particles exhibit 

well disperse in water solution, which could be the advantage for further utilization. In addition, 

the drying behavior of sacran microgel was shown outstanding water holding capacity. 

Comparing between sacran microgels and conventional sacran solution 0.050 wt%, 1 µL at 6 

hours of drying time, the sacran solution was dried, the microgels still wet (Figure 3.14a, b).  
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Figure 3.12 Sacran microparticles induced by ultrasonication. a. Transmission electron 

microscopic images of dried sacran 0.010 wt% treated by ultrasonication 400 J/mL before 

annealed. b. Transmission electron microscopic images of dried sacran 0.010 wt% treated by 

ultrasonication 1,000 J/mL before annealed. c. Scanning electron microscopic image of dried 

sacran 0.010 wt% treated by ultrasonication 1,000 J/mL then, annealed at 100 °C for 24 h. 
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Figure 3.13 Effect of sonic energy to sacran particle formation. c. Thermogravimetric 

graph of conventional sacran fibers (S), conventional sacran fibers annealed (SA), sacran 

sonicated (SS) and, sacran sonicated annealed (SSA). 
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Figure 3.14 Effect of sonic energy to sacran particle formation. a. Microscopic records of 

drying behavior from 0 minute to 24 hours of sacran sonicated annealed (SSA) comparing with 

the conventional sacran fibers. (0 min scale bar = 200 µm, 6-24 h scale bar = 50 µm) b. 

Microscopic records of drying behavior of sacran sonicated annealed (SSA) comparing with 

the conventional sacran fibers (S) c. The illustration of sacran sonicated annealed interacted 

with water.  
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Generally, from the various time of drying experiments, the microgel took ~24 hours 

to completely dry. While the conventional sacran at the same condition took only ~15 minutes. 

The results indicated that the microgels could keep the moisture ~100 times over the 

conventional sacran in terms of evaporation rate. This could be explained by the expansion of 

hydrophilic surface area on the microgel that intensifies the interaction of water-polymer 

(Figure 3.14c). This explanation was supported by the results of free water and bound water 

that represented from differential scanning calorimetry analysis of different sacran samples 

(Figure 3.15). The interaction between water and polymer molecules effect phase transition 

behavior and, three forms of water are classified: (i) free water, (ii) freezable bound water and, 

(iii) non-freezable bound water. Free water and freezable bound water are able to show the 

phase transition by calorimetric analysis, while non-freezable water does not show the phase 

transition.[105][106] Deionized water was conducted as a control. The thermograms of pure water 

shown an endotherm with an onset temperature of ~0 °C from the heating trace, corresponding 

to the melting point of free water. In all compositions of sacran samples, melting transitions 

shift to temperatures lower than pure water due to the additional interaction between water-

polymer or freezable bound water.[107] Noticeably, melting peak of water in sacran annealed 

particles 50 wt% was shown at around -20 ºC. This means all free water has interacted with 

polymer as bound water, including a freezable and a non-freezable bound water.  For sacran 

annealed particles 80 wt%, no peak was shown in the thermogram owing to all free water was 

bound with polymer as a non-freezable bound water. The fusion enthalpy of ice made from the 

heating cycle was used to calculate the freezable water and the non-freezable bound water 

according to the equation explained in Table 3.2. Comparatively, the non-freezable bound 

water content in the sacran microgel was 12.5%, which is ~3.4 times excessive to the 

conventional sacran fiber shown the non-freezable bound water content only 3.7%. In the case 

of the microgels, a molar ratio between tightly bound water molecules per a sugar residue 
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corresponds to ~24 molecules. On the other hand, dextran, hyaluronic acid and, Xanthan gum, 

which have been extensively used in pharmaceutical and cosmetic fields, shown a lower 

number as 5.5, 7.5 and, 10.0 water molecules per a sugar residue respectively.[108][109] The non-

freezable bound water could be observed more in sacran microgel might be owing to 

hydrophilic functional group of polymer and, well organized structure of particles.[110]   

 

Figure 3.15 Differential scanning calorimetry graph of different types of sacran samples 

showing various values of fusion enthalpy of ice in J/g. 
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Table 3.2 The data of different types of sacran for freezable water (FW) and non-freezable 

bound water (NFBW) calculation. 

 

The equation for non-freezable bound water (NFBW) calculation.[27][29] 

NFBW(%) = W(%) + FW(%) 

FW(%) = (ΔHf / ΔHm) x 100 

Where; NFBW(%) = non-freezable water content 

             FW(%)      = freezable water content  

             W(%)        = total water content 

             ΔHf             = fusion enthalpy of ice (freezable water) obtained by DSC  

             ΔHm          = standard fusion enthalpy of pure water 333.5 J/g.[28]  

                                              fusion enthalpy of pure water obtained by DSC 333.8 J/g 
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3.4 Conclusion 

To study the sacran morphological change, the interaction between polymer chains is the most 

important factor. The microfibers deformed to particles by reducing the intermolecular 

interaction, for example the dilution and the salination. In case of decreasing concentration to 

the semi-diluted state (c < ce 0.015 wt%), the polymer would be in the unentangled state which 

is unable to form microfiber. At the concentration 0.010 wt%, the microfibers significantly 

deformed into the nanofibers and nanofragments. This could be the boundary concentration of 

nano to micro assembling process. After that, the salination effect was studied as another factor 

that suppresses the interaction between the polymer chains. Sacran at a diluted state (0.001 

wt%) with 10 mM of NaCl added, the salting-in affected on higher solubility of polymer chains. 

Then, 100 mM of NaCl was added, the salt affected on less soluble of the polymer referred to 

the salting-out. This effect could produce the sacran particles with a very narrow size 

distribution. However, the dilution and the salination method conferred a small quantity of 

particles because the particle would be formed with narrow size distribution under a very low 

polymer concentration or with a crucial high concentration of salt. That problem could be 

overcome by the ultrasonication technique. At polymer concentration 0.010 wt%, the sacran 

microparticles are successfully prepared. Sonication plays an important role in polymer 

scission and spherical shape formation through cavitation. The overall treated ultrasonic energy 

directly affects the size of the particles. Consequently, the polymer particles were annealed, 

aiming to get microparticles gel for further applications. For instance, the sacran microgel 

represented super-moisturizing ability comparative to other currently use materials. According 

to the covid-19 pandemic, apart from vaccination, various kinds of treatment are on demand 

for the alternative option. Especially for the intranasal drug that was recently reported as an 

effective membrane fusion inhibitor of SARS-CoV-2.[33] The Sacran microparticles could be 

modified for additional application such as microgel drug carrier or intranasal spray for 
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moisture maintaining. Base on the outstanding properties of the prepared, this study could lead 

to a new material design for medical purposes in the future.     
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CHAPTER IV 

GENERAL CONCLUSION 

In this work, we studied the morphological change of a novel self-organized supergiant 

polysaccharide, sacran. A self-assembling/disassembling of microfiber was successfully used 

in the preparation of a humidity-sensitive actuator, a micropattern cell scaffold and, a super-

moisturizing microparticle.  Along the contact line of the evaporative air-water interface, the 

microfibers tended to merge into a uniaxially oriented condition. When one side of the 

microfibers was fixed, they morphed into 2D snaking and 3D twisted structures in a dramatic 

way. There are two essential factors that influence fiber deformation; 1. The initial 

concentration of the polymer and, 2. The evaporation rate. Multiple microfibers formed multi-

twisted structures as a result of the evaporative air-water contact, demonstrating that this 

material exhibits self-similar nano and microstructures. The snaking and twisted fibers could 

show spring-like motion with millisecond-response repulsive to water vapor. It would be able 

to produce a variety of soft actuators responding to additional changes in the external 

environment, such as light, pH, and temperature, by incorporating functional molecules into 

the microfiber. Moreover, the micro-alignment surface was effectively prepared due to its 

unique capacity to generate hierarchical twisted fiber in the nano-micro scale. The results 

reveal that the cells could be well aligned on the scaffold. For the new material design, this 

could be an excellent area to start looking into cell orientation regarding the M-fibers. The 

interaction between polymer chains is the most essential component in studying sacran 

morphological change. Dilution and salination, for example, reduced the intermolecular 

connection, causing the microfibers to deform into particles. The dilution and salination, on the 

other hand, yielded a tiny number of particles because the particle formed with a narrow size 

distribution under a deficient polymer concentration or a critical high salt concentration. The 
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ultrasonication approach could be able to solve this problem. The sacran microparticles have 

been prepared successfully. Through cavitation, sonication plays a crucial role in polymer 

scission and spherical shape development. The size of the particles is directly affected by the 

overall treated ultrasonic energy. As a result, the polymer particles were annealed with the goal 

of obtaining microparticles gel for potential upgrades. The microgel performed admirably in 

terms of moisturizing compared to other extensively used polysaccharides. This would be a 

significant investigation of a new polysaccharide particle due to its simple and non-organic 

solvent preparation process. The sacran microparticles could be further modified for use as a 

microgel drug carrier or an intranasal spray to keep the throat moist. Based on the superior 

properties of the sacran morphological changeable, this research could lead to a unique 

material design for medical or biological uses in the future. 
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